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Abstract: When bioelectrochemistry meets other analytical 
techniques for in situ experiments, new possibilities for 
understanding the nature of charge transfer reactions are provided. 
Despite progress in recent years in analytical instrumentation, a 
number of key issues remain the subject of study in 
bioelectrochemistry, as mechanistic description of the surface 
reactions involved in biomolecules’ electron transfer. The main 
challenges of these techniques are the concomitant detection of 
electron transfer and molecular alteration as well as the 
development of suitable bioelectrodes. This review discusses the 
most recent and emerging in situ and operando electrochemical 
methods used to study biological systems such as redox proteins, 
nucleic acids, small biomolecules, cells, and biomembranes, 
focusing on electrochemical methods coupled with spectroscopic, 
spectrometric, and microscopic techniques. 

1. Introduction 

The monitoring of electron transfer (ET) in biological 
processes such as enzymatic redox reactions, microbial 
metabolite production, and DNA damage and the associated 
structural changes in biomolecules under the conditions of 
precise potential control is very insightful. In this context, in situ 
and operando spectroelectrochemical techniques are of key 
importance for obtaining in-depth information on ET pathways in 
biochemical processes. The coupling of electrochemistry to 
spectroscopic, spectrometric, and microscopic techniques is an 
interesting and efficient strategy of probing through-biomolecule 
ET processes. The combination of in situ and operando 
electrochemical methods simultaneously provides information on 
material structural organization and current flow as well as on 
energetic state modulation due to the application of a certain 
potential to molecules immobilized on or dispersed near the 
working electrode surface.[1]  

In situ techniques provide multi-faceted information on 
the structural organization of biomolecules, depending on the 
wavelength of the radiation interacting with the sample. 
Meanwhile, the term operando spectroscopy was carved to 
characterize a subgroup of in situ spectroscopy when this 
approach is used to analyze the structural changes of a system 
under work conditions,[2] e.g., in situ measurements to visualize 
how raising the temperature or applying an electrochemical 
potential activates a catalyst and what products are obtained 
from this reaction. Nowadays, this term has also been 
extrapolated for any type of system in work regime, as it is the 
case of batteries.[3] 

Within the vast number of spectroscopies, some are 
more commonly used for in situ and operando measurements, 
such as Fourier transform infrared (FTIR) spectroscopy that 
provides information on the vibrational modes of covalent bonds 
within a given molecule,[4] while X-ray absorption spectroscopy 
(XAS) provides information on the oxidation state of redox co-
factors and their chemical environment/coordination sphere.[5] 
Raman spectroscopy, another powerful vibrational spectroscopic 
technique, is widely used for the chemical and structural 
characterization of biomolecules and studies the inelastic 
interaction of molecules with monochromatic light, usually 
emitted by a laser source in the visible, near-IR, or near-
ultraviolet (UV) range.[6] Most scattered photons have the same 

wavelength as incident light (Rayleigh scattering) and do not 
provide useful information, whereas some photons are scattered 
at different wavelengths (Raman scattering), which can be used 
to obtain useful insights. The Raman spectrum of a 
(bio)molecule depends on its chemical structure, conformation, 
redox state, etc. Raman spectroscopy has many advantages 
such as no need for sample pretreatment, applicability to small 
samples, nondestructive nature, and short analysis time. Unlike 
in the case of other vibrational spectroscopy techniques, water, 
glass, and carbon dioxide are only weakly Raman-active, which 
makes Raman spectroscopy attractive for 
spectroelectrochemical studies. However, one of the main 
disadvantages of Raman spectroscopy is the small Raman 
scattering cross-section, especially when the biological 
component is adsorbed at or covalently attached to an electrode 
surface.[7] To overcome this limitation, surface-enhanced Raman 
spectroscopy (SERS) and surface-enhanced resonance Raman 
spectroscopy (SERRS) can be used in spectroelectrochemical 
studies involving biological systems. 

SERS is a very selective and sensitive technique with 
Raman signal intensities increased by factors of up to 1011.[7] 
This enhancement is due to the combination of electromagnetic 
and chemical mechanisms in the vicinity of plasmonic 
nanoparticles (NPs) and/or nanostructured surfaces used as 
SERS substrates. The enhancement factor depends on the 
orientation of the adsorbed molecule and NP geometry. The 
traditionally used SERS substrates are Au, Ag, and Cu NPs.[7] In 
this context, surface enhancement enables the 
spectroelectrochemical Raman studies of biomolecules 
immobilized on nanostructured metal electrodes.  

On the other hand, electron paramagnetic resonance 
(EPR) spectroscopy is well suited for the identification of 
paramagnetic centers such as unpaired electron from free 
radicals. Distinctive EPR spectra are obtained for metal-
containing structures, in which case the easy fluctuation 
between several stable oxidation states allows the existence of 
paramagnetic electronic configurations.[8] EPR spectroscopy can 
extract site-specific information on biomolecule metal centers 
and their local environment by probing the free electrons in d-
orbitals.[9–11] Moreover, when coupled to electrochemical 
methods, this technique is well suited for elucidating the redox-
active centers of biomolecules, including proteins and redox 
enzymes, and the associated complex redox reactions involved 
in the formation of EPR-detectable free radical intermediates.[12–

15] In situ EPR spectroscopy usually relies on two strategies, 
namely direct redox titration for the in situ generation of the 
active intermediate in the EPR spectroelectrochemical cell or the 
ex situ generation of paramagnetic species followed by transfer 
to the EPR tube for the respective measurements. The first 
approach is more precise, allowing the corresponding changes 
to be evaluated with greater control without the perturbation 
induced during the transfer process. In the latter case, however, 
the intermediates are EPR-active only at low temperatures, and 
redox measurements must be carried out in the frozen state, 
usually at liquid nitrogen temperature (77 K), which makes this 
approach more difficult to implement and suitable only for few 
molecules.[16] EPR spectroelectrochemical experiments are 
particularly useful for determining the half-wave potential of 
redox couples when the corresponding cyclic voltammograms 
are very broad because of the slow ET at the electrode surface. 
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This is mostly the case for biomolecules, as their active redox 
centers are deeply buried inside the molecular matrix.[17]  

 

 

 
Figure 1. Operando and in situ techniques applied for bioelectrochemistry studies.  
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Spectroelectrochemical techniques based on 

fluorescence and UV-visible (UV-vis) absorption spectroscopy 
allow one to assess the thermodynamic and kinetic parameters 
of bioelectrochemical systems,[18–20] while circular dichroism 
(CD) spectroscopy traditionally provides structural information 
(e.g., the secondary structure of proteins and DNA 
denaturation) on biomolecules.[21] Fluorescence is an optical 
phenomenon based on the excitation of a ground-state 
molecule through the absorption of photons with a specific 
wavelength. After excitation, the absorbed energy may be 
released through several photophysical events such as the 
emission of a photon with another wavelength, which forms the 
basis of fluorescence. Fluorescence spectroscopy is widely 
used for the detection of biomolecules and is commonly 
employed in biological and biomedical applications because of 
its high spatial and temporal resolution.[20] In addition, when 
coupled to electrochemical methods, fluorescence 
spectroscopy can provide information on the redox-state 
transitions of biomolecules and distinguish between 
intramolecular and heterogeneous ET because of the change in 
emission intensity with the change in redox state. Biomolecule-
membrane interactions, for example, can be probed in different 
ways by modifying the environment of a fluorescent probe, 
which can furnish information on lipid membrane disruption, 
fusion, or aggregation. Aromatic amino acids in proteins, such 
as tryptophan and tyrosine, can also be probed by in situ 
fluorescence spectroscopy to obtain information on their 
position, orientation, and insertion into biological 
membranes.[23]  

A new operando technique not involving 
electromagnetic radiation has been developed for enzymatic 
activity monitoring by combining electrochemical control with 
mass spectrometry.[22]  The corresponding setup features a 
combination of an electrochemical cell with a mass 
spectrometer, and the technique itself is known as operando 
differential electrochemical mass spectrometry (DEMS). The 
main advantage of DEMS is its suitability for the online 
detection of volatile and gaseous compounds under the 
conditions of precise potential control.[24] 

The coupling of electrochemical methods to microscopic 
techniques is an interesting approach, especially when higher 
spatial distribution is required or only a microscopic and specific 
area of the electrode surface or few molecules should be 
characterized. Among the microscopic techniques, atomic force 
microscopy (AFM), scanning tunneling microscopy (STM), 
confocal microscopy, fluorescence microscopy, and optical 
microscopy have been extensively and successfully coupled to 
electrochemical methods for the in situ mapping of 
biomolecules or drug distribution on the electrode surface or 
inside cells, sensing interaction forces, or structural/chemical 
imaging under the conditions of electrochemical control. 

The development of in situ and operando electrochemical 
techniques applicable to biosystems is challenged by the 
structural and chemical complexity of these systems,[25] the 
need to keep biological entities dispersed or immobilized on the 
working electrode,[26] and the requirement to obtain an optimal 
setup for bioelectrochemical cells. Herein, we review the most 
recent advances (especially those of the last five years) in 
operando and in situ electrochemical methods applied in the 
studies of biosystems and the related prospects for the 
elucidation of the redox reaction mechanisms of biological 
entities. This review is divided according to the five main 
classes of biological systems that can be investigated by in situ 
and operando spectroelectrochemistry, namely redox proteins, 
nucleic acids, small biomolecules, cells, and biomembranes 
(Figure 1). 
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2. ET and heterogeneous enzyme catalysis 

Redox proteins play a crucial role in many important 
biological processes that involve ET or redox reactions, e.g., 
photosynthesis, respiration, metabolism, nitrogen fixation, 
molecular signaling, and cell apoptosis. The core of redox 
proteins corresponds to redox centers that drive the 
thermodynamics and kinetics of ET during enzymatic reactions 
and typically feature non-amino-acid functional groups. These 
functional groups can be either metal ions, which are very 
tightly or even covalently bound to protein matrices (cofactors) 
or organic molecules/organometallic transient carriers 
(coenzymes). Thus, according to their redox centers, redox 
proteins can be divided into metalloproteins, flavoproteins, 
quinoproteins, and nicotinoproteins.  

The processes involved in redox protein operation can 
be investigated using operando electrochemistry. The 
combination of FTIR with electrochemistry for the assessment 
of reactions involving proteins and the mechanistic investigation 
of redox enzyme–promoted reactions offers a versatile 
analytical tool for obtaining time-resolved information up to a 
short time scale, from ps to ms. This technique allows light and 
redox potential to be simultaneously used as triggers to follow 
the structural changes in the functionality of active sites as 
functions of the electrode potential.[27–30] The above method can 
also be used to probe changes in the protein secondary 
structure, the amino acid side chain (because of localized 
protonation), and the coordination at the metal cofactors of 
metalloproteins.[21–33] However, for the successful 
implementation of this technique, one should be able to 
measure the absorption signal of some vibrational marker of 
the protein monolayer adsorbed on the finite area of the 
electrode surface with a protein concentration of the order of 
pmol cm−2.[33,35]  

The intense background signal of the bulk phase 
limits the detectable signal of redox reaction–induced 
vibrational changes of proteins to far less than 1% of the 
absolute intensity. Additionally, in situ FTIR measurements in 
aqueous electrolytes impose further restrictions on the 
experimental setup, as water has a high molar absorptivity in 
the mid-IR region and strongly interferes with the sample 
absorption signal.[4] Several strategies have been adopted to 
develop in situ methods, employing different designs of the 
experimental setup and the electrochemical cell to keep the 
amount of water in the path as low as possible and enhance 
the absorption signal of adsorbed molecules.[36–38] This 
technique can be implemented in both transmission and 
reflection modes in the mid-IR regions; however, in situ 
measurements in transmission mode are somewhat uncommon 
because of the large background signal from the aqueous 
electrolyte. On the other hand, approaches using the reflection 
mode have been more successful because of the excellent 
electrochemical control achieved upon coupling to 
electrochemistry and can be used either in IR reflection 
absorption (IRRA) or attenuated total reflection (ATR) FTIR 
spectroscopy. Thus, several studies have combined these 
techniques with electrochemistry.[39,40] 

ATR FTIR spectroscopy relies on the internal 
reflection of IR light, and the electrochemical cell is 
preferentially constructed on the top of the ATR prism, in which 
case the working electrode geometry can be easily optimized 
for a fast response of the applied potential. One such example 
is protein film infrared electrochemistry (PFIRE), which employs 
a redox enzyme–modified carbon electrode placed on the ATR 
prism. As redox enzymes can be easily immobilized on carbon 
surfaces, in situ electrochemical measurements can be 
performed with easy control during enzyme-catalyzed 
reactions.[41] 

Surface-enhanced infrared absorption (SEIRA) 
spectroscopy is based on the enhancement of the absorption 
signal of a protein film on a metal surface and can even be 
performed using the direct deposition of a thin metallic film on 
the ATR prism, which is then used as the working electrode.[42] 
This method is very sensitive to molecules adsorbed on the 
electrode surface, not only minimizing the interference of water, 
but also allowing one to monitor the spectral changes at the 
submonolayer of the adsorbed protein due to the enhancement 
of the signal by several orders of magnitude. Several 
membrane proteins have been investigated to elucidate their 
structure and understand the mechanism of ET at the 
electrochemical interfaces in adsorbed states. For example, the 
potential of sensory rhodopsin II was electrochemically 
controlled by using SEIRA spectroscopy of this membrane 
protein immobilized on Au as a self-assembled monolayer.[43] 

FTIR difference spectra were recorded simultaneously 
with the application of a potential to the protein-modified Au 
working electrode against the reference and counter electrodes. 
As the potential increased to >0.2 V, the band corresponding to 
the C=O stretching vibration (νC=O) at 1764 cm−1 retained its 
intensity (Figure 2A) but broadened, which was attributed to the 
impact of the applied electric field on this band and the 
associated hydrogen bonding network. In contrast, a decrease 
in the applied potential caused the band to almost disappear at 
−0.3 V, as proton transfer from the Schiff base (retinal) to the 
carboxylic acid side chain of the D75 residue (Asp75) becomes 
difficult at negative potentials because of the concomitant 
increase in the corresponding energy barrier. The energy 
induced by this negative potential is insufficient to overcome 
this barrier. Indeed, at negative potentials, the dissociation of 
the Schiff base proton is forced toward the cytoplasmic side 
(Figure 
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Figure 2. SEIRA spectra recorded at various transmembrane voltages 

across the membrane protein monolayer. (A) IR difference spectra of sensory 

rhodopsin II from N. pharaonis were recorded at potentials from +0.4 V to 

−0.3 V vs. the normal hydrogen electrode (top to bottom). (B) Sketch of light-

induced proton transfer (thin blue arrow) from the donating retinal Schiff base 

of sensory rhodopsin II to the accepting carboxylic side chain of D75. The 

proton transfer step occurs in the direction of the electric field vector (thick 

blue arrow indicating the transmembrane voltage ΔV between the working Au 

electrode (+) and the counter electrode (−)). (C) Protonation of D75 ceases 

(crossed out red upward arrow) when ΔV is applied in the opposite direction 

(bold red arrow) and is lower than −0.2 V. In this case, the negative voltage 

drives the Schiff base proton toward the cytoplasmic side (red downward 

arrow). Reprinted with permission from Ref. 43, Copyright (2008) National 

Academy of Sciences, U.S.A..  

2C). FTIR spectroscopy plays an important role in elucidating 
the ET mechanisms of hydrogenases, as these enzymes 
feature organometallic cofactors. The coordination sphere of 
these cofactors features iron ions coordinated to cyanide (CN−) 
and carbonyl (CO) ligands, which exhibit high-molar-
absorptivity stretching vibrational modes beneficial for FTIR 
spectroscopic analysis. Moreover, the window in which these 
groups absorb radiation is free from the interference of water, 
which is usually used to dissolve proteins and the supporting 
electrolyte.  

As ligand vibrational modes are sensitive to the oxidation 
state of the metal center they are coordinated to (Figure 3A), 
the evolution of these bands provides valuable mechanistic 
insights. Because of their high catalytic activity, hydrogenases 
usually produce high catalytic currents and have been 
extensively investigated by in situ FTIR spectroscopy coupled 
with protein film voltammetry. One such example is the 
elucidation of the mechanism of redox communication between 
the metal-containing prosthetic groups in a [FeFe] hydrogenase 
from Chlamydomonas reinhardtii.[44] The changes in the 
infrared signature for the redox reaction of each cluster, which 
reflect the changes in the redox behavior of the H-cluster 
responsible for the docking and further reduction of protons 
(Figure 3B), revealed that inter-cluster communication 
enhanced proton-coupled electronic rearrangement in the H-
cluster, which is associated with efficient H2 production even at 
high pH. Vincent et al. used PFIRE (Fig. 3C)[37] to demonstrate 
the formation of intermediates such as Nia-R and Nia-C (which 
are common to all [NiFe] hydrogenases) during catalytic 
turnover. The FTIR spectra of Escherichia coli Hyd-1 were 
recorded under catalytic and non-catalytic conditions at two 
different applied potentials vs. the standard hydrogen electrode. 
At a negative applied potential (−0.074 V), the spectra recorded 
in the presence of Ar (non-catalytic condition) exhibited bands 
corresponding to Nia-SI (green) and Ni-B (blue, inactive state) 
states, while only one state (Ni-B) was observed at +0.356 V. 

However, in the presence of H2 (catalytic condition), two new 
states of Nia-R (red) evolved, and the content of the Nia-SI state 
decreased (Figure 3D). The difference between the non-
catalytic and catalytic conditions became obvious at +0.356 V, 
when Nia-SI, Nia-C, Nia-R, and Nia-L (orange) appeared in the 
presence of H2, in contrast to the results obtained under non-
catalytic conditions (Ar). The time-independent current 
observed during catalytic turnover suggested the occurrence of 
efficient mass transport on the surface of the hydrogenase-
grafted electrode, whereas a monotonic decrease in current 
was observed at +0.356 V because of the oxidation-induced 
conversion of the enzyme into the inactive Ni-B state.  

In situ FTIR spectroelectrochemistry provides insightful 
information on the activity of nitrogenases, which mostly 
promote the reduction of N2 (inert under physiological 
conditions) to more reactive nitrogenated species such as 
ammonia. However, as this reaction competes with proton 
reduction to H2, the nitrogenase cofactor has been studied to 
understand the mechanism of switching between 
proton/nitrogen reduction and elucidate how the organometallic 
moiety of these enzymes can be modulated to such a role by 
observing the behavior of induced CO ligands in the FeMoCO-
cluster.[36] This approach has also been used to probe the 
effect of inhibitors on internal ET in other enzymes. Similarly to 
CN− and CO, azide (N3

−) is a useful ligand for probing the 
oxidation state of the metal it is coordinated to. A study using 
multicopper oxidases investigated the inhibitory effects of 
fluoride and chloride on the performance of laccase and 
bilirubin oxidase in the oxygen reduction reaction. Signals 
inherent to the N≡N moiety of this ligand coordinated to the Cu 
centers of the prosthetic group showed that the size of the 
inhibitor allows it to bind to different enzyme sites. For instance, 
as a small ion, fluoride can access the trinuclear cluster 
responsible for oxygen reduction and thus directly inhibits 
oxygen binding. Meanwhile, the larger chloride ion cannot 
access this site and binds to the type 1 Cu center and inhibits 
oxygen reduction by limiting the internal ET from this center to 
the trinuclear one.[45]

 

In situ FTIR spectroscopy, which can be applied in the 
region below 400 cm−1 (far infrared), is complementary to 
Raman spectroscopy and is sometimes used to monitor the 
redox reaction–induced changes of metal-ligand bond 
vibrations in the vibrational spectroscopic studies of proteins. 
Instead of indirectly correlating ligand behavior to the metal in 
the coordination center, several research groups have used the 
above technique to directly probe the behavior of the metal 
center and its surrounding ligands in metalloproteins. Far-
infrared radiation induces the vibrations of bonds involving 
heavy atoms such as transition metals, which can be used to 
obtain the spectral signatures of certain vibrational modes 
correlated to the redox activity of metalloenzymes with 
interactions such as Fe–S, Fe–N, and Cu–S.[46–48] The limited 
use of this approach to unveil metalloenzymatic reaction 
mechanisms is due to the difficulty of obtaining reasonable 
signal-to-noise ratios. The mechanism of metalloenzyme 
operation can also be investigated by operando electronic 
absorption or emission (XAS, fluorescence, and UV-vis) 
spectroscopy. Among these techniques, XAS allows access to 
individual elements, as the energy window required for the 
excitation and further transition of internal shell electrons is 
atom-specific, and thus provides unambiguous electronic and 
geometric information at the atomic level.[49,50] This technique 
has taken precedence over several other spectroscopic 
techniques, as the large penetration depth of high-energy X-
rays enables in situ measurements under ambient conditions. 
In this way, one can obtain molecular-level information on the 
species present in very dilute solutions (µM to mM), and the 
above method is therefore ideal for probing the oxidation states 
of metal centers and their chemical environment in biological 
systems.[51–53] Sometimes, this technique is the only method of 
studying spectroscopically silent metal cofactors such as Cu(I) 
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and Zn(II)[54] and allows the indirect detection of biologically 
relevant nonmetallic elements (such as S) whose XAS edge is 
very sensitive to oxidation state changes and experiences a 
significant alteration of signal intensity in response to these 
changes.[55] When used as a standalone technique in non-
electrodic ex situ redox experiments, XAS provides important 
information on the electronic behavior of (mostly) metals and 
supplies insights into the biological role of such metal-
containing structures.[56–58] However, the evaluation of ligand 
structure around coordination centers is very important to 
uncover their role in biological activity and biomimetic systems 
biocatalyzed by proteins and enzymes. Such information can 
only be obtained by combining in situ XAS with 
electrochemistry. Several groups have used operando XAS in 
electrochemical systems to pursue goals ranging from studying 
the electrochemical activity and stability of electrocatalysts 
under oxygen reduction reaction (ORR)[59] and oxygen 
evolution reaction[60] conditions to studies of charge/discharge 
in Li-ion batteries,[61] and some excellent reviews on this topic 
have been published.[62–64] However, surprisingly few reports 
have dealt with the use of operando XAS analysis in 
bioelectrocatalysis under the conditions of electrochemical 
potential control. Fe-, Zn-, and Cu-containing biomolecules are 
most widely studied by XAS; hence, earlier studies in this 
direction have dealt with multicopper oxidases, which contain at 
least four Cu centers and are excellent bioelectrocatalysts for 
the ORR at physiological pH and temperature. The Cu K-edge 
X-ray absorption spectra of the different states of laccase 

obtained through ex situ chemical reduction indicated the 
presence of reduced (Cu+), fully oxidized (Cu2+), and 
intermediate states of the enzyme under turnover conditions in 
the presence of O2.

[65] In agreement with the results of other 
spectroscopic techniques, the slow decay of the intermediate 
native state to the resting state (Cu2+) was attributed to 
changes in the trinuclear Cu center, which allows for efficient 
ET during the catalytic process. Similarly, the 
bioelectrochemical behavior of bilirubin oxidase from 
Myrothecium verrucaria (MvBOD) was evaluated under 
catalytic and non-catalytic conditions using operando XAS 
(Figure 4A–D).[3] Figure 4E shows the Cu K-edge X-ray 
absorption spectra of MvBOD recorded at different 
electrochemical potentials, illustrating the evolution of a redox 
reaction. This reaction comprised the reduction of Cu2+, as 
revealed by the attenuation of the signal at 8997 eV and the 
concomitant rise of the signal at 8983 eV owing to the presence 
of Cu+ in the enzymatic structure. Compared to the case when 
O2 is absent in the bioelectrochemical system, the bonding of 
O2 to the trinuclear cluster results in a 150-mV increase of the 
onset potential in the potentiometric titration curve (Figure 4F) 
in the presence of Cu+. This behavior suggests the occurrence 
of fast ET from T1 to the trinuclear cluster and the ability of the 
metal cofactor to act as an electronic bridge connecting the 
electron donor (organic substrate or electrode surface) and the 
electron acceptor (O2) in two distant parts of the enzyme for a 
faster and more energetically favorable ET.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3. (A) Structure and spatial distribution of metal clusters within [FeFe] hydrogenase from C. reinhardtii. (B) FTIR spectroelectrochemical response of 

ligands in the cofactors. (C) Schematics of the spectroelectrochemical ATR-IR cell designed for PFIRE experiments showing the relative location of electrodes 

and the direction of solution flow. (D) IR spectra of E. coli Hyd-1 recorded using the PFIRE technique under non-turnover (Ar, left panel) and steady-state 

electrocatalytic turnover (H2, right panel) conditions. These spectra reveal the states formed in response to electrocatalytic H2 oxidation. Panels A and B are 

reprinted with permission from Ref. 44. Panels C and D are reprinted with permission from Ref. 37. 
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Figure 4. Assessment of ET reactions and catalysis in multicopper oxidases 
using operando XAS. (A) Representation of the crystal structure of MvBOD 
(PDB: 2XLL) zoomed in at the four Cu ions. (B) Schematics of synchrotron 

radiation generation. The XAFS2 beamline of the Brazilian Synchrotron Light 
Laboratory (LNLS), a national institution responsible for operating the only 
synchrotron light source in Latin America, was used. (C) Principle of XAS 
spectroelectrochemical analysis. (D) Simplified scheme showing the 
fundamental processes required to obtain in situ XANES spectra during 
bioelectrochemical characterization, with X-ray photoabsorption of core-level 
electrons followed by photoelectron emission and fluorescence. (E) 
Potentiometric curves of Cu

+
 signal intensity under each atmospheric 

condition highlighting the rise of this signal at different overpotentials. (F)  
Schematic mechanism of internal ET in the presence of O2 bonded to the 
active site of MvBOD. Reprinted from Ref. 5 with permission from the Nature 

Publishing Group, 2020. 

Fluorescence spectroscopy combined with 
electrochemical methods provides information on the 
intramolecular and interfacial ET rate of nitrite reductase (NiR) 
from Alcaligenes faecalis S-6,[18] allowing the assessment of 
thermodynamic and kinetic parameters. This technique, called 
FluRedox, provides a more direct proof of the NiR catalytic 
cycle. NiR has a homotrimeric structure; therefore, the 
distances of the three redox sites to the electrode surface are 
different, which affects the heterogeneous interfacial ET 
kinetics. Intramolecular ET is affected only by substrate 
concentration, and hence, the use of high concentrations at 
lower pH inhibits NiR. A similar approach was used to study 
azurin from Pseudomonas aeruginosa with a single Cu ion as 
the redox-active center, revealing that the orientation of the 
enzyme on the electrode surface influences the rate constant of 
ET.[19] This experiment was carried out using a transparent Au 
electrode with an immobilized enzyme to obtain 
electrochemical parameters, and fluorescence intensity was 
measured using a fluorescence microscope. 

The UV-vis spectroelectrochemical approach was 
used to investigate the ET of Schizosaccharomyces pombe 
ferredoxin and the influence of substitution of some amino acid 
residues in the protein structure.[20] In this study, an in-house-
made optically transparent thin-layer electrochemical cell was 
used, and an Au minigrid was employed as the working 
electrode.  

 

 

Figure 5. EPR spectroelectrochemical response of superoxide dismutase 

(SOD) in the PFE-EPR cell. (A) Schematic diagram of the PFE-EPR 
spectroelectrochemical cell. (B) Intensity of the gx,y transition of Cu

2+
 in SOD 

(dots) vs. applied potential and the corresponding fit (solid line). Inset: CW 
EPR spectra (16 K) of surface-bound SOD. *Signal from meso-ITO electrode. 
Reprinted with permission from Ref. 66. 

The substitution of cysteines for serines at the active site 
did not affect binding affinity but decreased ET efficiency. 
Moreover, this substitution altered the electronic structure of the 
active site cluster, and the activation barrier for electron 
exchange increased rather than the directional coupling of any 
specific cysteine to the cluster. 

Operando magnetic spectroscopy is also used to study 
the mechanisms of redox enzyme operation. Protein film 
voltammetry in combination with EPR (PFV-EPR) spectroscopy 
(Fig. 5A) was used to study a Cu-Zn superoxide dismutase–
modified meso-ITO electrode. As the potential was swept from 
~0.8 to ~−0.4 V vs. the standard hydrogen electrode, the EPR 
signal intensity decreased because of the conversion of Cu2+ to 
Cu+, the active redox center of the enzyme.[66] The redox 
potential calculated from the plot of EPR gx,y transition intensity 
vs. applied potential (Nernst curve, Figure 5B) was in good 
agreement with that calculated from the corresponding cyclic 
voltammogram, which demonstrated the promise of this 
technique for the precise control of the electrochemical 
potential of biomolecules. 

DEMS, a mass-spectrometric operando technique, was 
used to study ethanol oxidation by alcohol dehydrogenase 
(ADH).[24] The two products of this enzymatic reaction (NADH 
and acetaldehyde) were detected using electrochemical and 
mass-spectrometric techniques, as schematically shown in 
Figure 6A. NADH can be detected by electro-oxidation at the 
electrode surface, as this oxidation generates a time-dependent 
faradaic current. To enhance this current, the electrodes were 
physicochemically treated to produce quinone-like groups at 
the electrode surface, which are well-known electrocatalysts for 
NADH electro-oxidation. Acetaldehyde production was detected 
by mass-spectrometric monitoring of the mass/charge ratio 
(m/z) of molecular ions and related fragments. In the 
bioelectrochemical evaluation of ethanol oxidation by ADH, ions 
with m/z 29 and 22 were detected, corresponding to the main 
fragment of acetaldehyde (COH+) and doubly charged carbon 
dioxide (CO2

2+), respectively.
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Figure 6. (A) DEMS setup showing the electrochemical cell, where CE 
stands for the counter-electrode, WE stands for the working electrode, the 
black region denotes flexible carbon fiber with immobilized ADH, the yellow 
region is a Au electrical connection, and RE is the reference electrode 
(Ag/AgCl/Cl−sat). The interface comprises a polytetrafluoroethylene 
membrane covering a steel frit. (B) Chronoamperograms at 0.6 V vs. 
Ag/AgCl/Cl−sat of FCF-ADH recorded in the DEMS experiment for ethanol 
concentrations of up to 0.8 mol L−1

. (C) Mass intensity peak monitoring at m/z 
= 29 and 22 upon the application of overpotentials of 0.6 V and 0.0 V (vs. 
Ag/AgCl/Cl

-
sat), each line represents an MS chronoamperogram. Adapted 

from Ref. 24. 
 

Figure 6B shows the chronoamperograms of the 
faradaic current obtained during the polarization of the ADH 
bioelectrode at 0.6 V vs. Ag/AgCl/Cl−sat, revealing an increase 
in current with increasing ethanol concentration. Figure 6C 
presents the chronoamperograms of ionic current for m/z 29 
and 22. The ADH bioelectrode was polarized at 0.0 and 0.6 V 
vs. Ag/AgCl/Cl−sat at different times. The black line corresponds 
to the ionic current of m/z 22 (CO2

2+) and was used as the 
background, as no CO2

2+ production was expected. The other 
lines correspond to the ionic current of m/z 29 (COH+), showing 
that this current increased when the electrode was polarized at 
0.6 V vs. Ag/AgCl/Cl−sat and was proportional to the 
concentration of ethanol in the electrolyte. The data of faradaic 
and ionic currents were used to calculate the enzymatic kinetic 
parameters from the Michaelis-Menten model, e.g., Km/Vmax 

was determined from the double-reciprocal plot.[24] 

 
 
 

3. DNA, RNA, and conformational changes  

Nucleic acids play important roles in a wide range of 
essential cellular processes such as cellular reproduction and 
protein biosynthesis.[67] Depending on the content of purines or 
pyrimidines and the environment, DNA adopts several 
conformations. Moreover, DNA structure can be altered during 
physicochemical processes such as hybridization and 
denaturation.[68] DNA replication is a crucial biological process 
that involves the reversible interconversion between double-
stranded DNA (dsDNA) and single-stranded DNA (ssDNA)[69] 
and relies on the breakage/formation of new intermolecular 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 7. (A) Switch diagrams displaying the change in absorption at 260 nm 

due to five consecutive cycles (144 s/cycle) of DNA denaturation (red circles) 

and renaturation (green circles) controlled by switching the DM redox state at 

three different experimental conditions. Signals represent the exclusive 

absorbance of DNA under the given conditions. (B) Validation of 

electrochemically controlled DNA denaturation and renaturation cycles by in 

situ CD spectroelectrochemistry. Switch diagram of the change in CD275 nm 

for dsDNA in the presence of DM and controls (DM only and dsDNA only). 

Consistent switching upon cycling between −0.8 and +0.3 V was only seen 

for DNA in the presence of DM. Adapted from Ref. 74. 

bonds such as hydrogen bonds, π-π stacking interactions, and 
van der Waals interactions.[70] The denaturation/renaturation of 
dsDNA can be controlled by changing temperature,[71] pH,[72] 
and ionic strength.[73]

 

The cyclic denaturation and renaturation of dsDNA was 
studied by in situ UV-vis and CD spectroelectrochemistry.[74] A 
representative study used an electroactive ds-DNA intercalator, 
daunomycin (DM), which works as an electrochemical trigger. 
When DM is reduced by application of an electrochemical 
potential, the thermodynamic stability of dsDNA decreases, and 
the double helix dissociates into single strands. DM can be 
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reoxidized to promote single-strand renaturation. An in situ UV-
vis spectroelectrochemical setup was used to measure 
radiation absorption upon electrochemical cycling and promote 
the de- and renaturation of DNA oligonucleotides. The 
reversible interconversion between dsDNA and ssDNA was 
achieved by electrochemical cycling between DM redox states 
upon switching the potential from −0.8 to +0.3 V at a working 
temperature of 58 °C. In situ UV-vis spectroelectrochemistry 
allowed one to monitor the behaviors of DNA and DM 
simultaneously. Changes in DNA conformational states upon 
potential switching were monitored at 260 nm, whereas 
intercalation and DM redox state changes were monitored at 
400–500 nm. Figure 7A shows the results of monitoring DNA 
de- and renaturation by UV-vis spectroelectrochemistry (at 260 
nm) under three different experimental conditions upon 
potential switching, while Figure 7B presents the results 
obtained when this monitoring was carried out using CD 
spectroelectrochemistry (detection wavelength = 275 nm).[74]  

Electrochemical SERS (EC-SERS) is a versatile technique 
for DNA analysis used to investigate ds-DNA dehybridization, 
redox mechanisms, and adsorption behaviors of DNA bases. 
For example, EC-SERS has been employed for the detection of 
disease biomarkers in the development of a sensor for 
tuberculosis diagnosis.[75] In this case, screen-printed 
electrodes modified with Ag nanoparticles (AgNPs) were used 
as an aptasensor platform onto which the target DNA–specific 
aptamer was adsorbed. Direct detection of the target 
tuberculosis DNA was performed through the observation of 
characteristic SERS peaks present only in the target strand. 
Modulation of the applied potential allowed for a sizable 
increase in the observed SERS response. 

EC-SERS has also been used to study the mechanism of 
purine base oxidation, differentiating the oxidation 
intermediates and their orientation during the different oxidation 
steps on Au nanoparticles at different electrode potentials.[76] In 
this case, EC-SERS allowed not only the characterization of 
adenine and guanine oxidations, but also provided information 
on the orientation of each intermediate on the metal surface. 

Additionally, in situ SERS measurements allow for the 
fast and efficient (on the timescale of minutes) detection of 
single nucleotide polymorphism based on potential-assisted 
dehybridization of target dsDNA.[77]  

Shell-isolated nanoparticle-enhanced Raman 
spectroscopy (EC-SHINERS) is another emerging vibrational 
spectroscopic method with great potential for the in situ 
analysis of biomolecules at electrochemical interfaces with a 
well-defined substrate. For example, EC-SHINERS was used to 
investigate the adsorption behaviors of adenine, guanine, 
thymine, and cytosine on atomically flat Au single-crystal 
electrode surfaces.[78] The spectroscopic results obtained for 
these DNA bases revealed similar features such as the 
adsorption-induced reconstruction of the Au(111) surface and 
the drastic Raman intensity reduction of ring breathing modes 
after the lifting reconstruction.  

Most studies investigating the mechanisms of the 
interactions in single-stranded RNA and those of ds-DNA 
interactions with other external molecules have been performed 
using Raman spectroscopy, more specifically, EC-SERS,[79–81] 
although some in situ FTIR spectroelectrochemical data are 
also available. In their study of RNA molecules on a glassy 
carbon surface by in situ FTIR spectroelectrochemistry, Wang 
et al.[82] described the spectral changes associated with the 
oxidation of purine, guanine, and adenine. An increase in the 
intensity of bands attributed to C=O and C=N bonds was 
observed simultaneously with the intensity loss of C–H and N–
H bands, which reflected the disturbance of the purine ring in 
the product of nucleic acid oxidation. Moreover, the intensity 
increase of other bands associated with the vibrational modes 
of pyrimidine rings suggested the occurrence of an adsorptive 
process at high positive potentials. Besides, DNA molecules 

are known to be strongly adsorbed on Au surfaces. Therefore, 
different techniques have been employed to investigate the 
origin of this interaction.[83,84] This is not only important in the 
context of investigating the structural changes in DNA itself 
under different conditions, but also provides a simple platform 
for studies in which DNA is used as a probe for the detection of 
other molecules. Doneux and Fojt used in situ FTIR 
spectroelectrochemistry to probe DNA components, namely 
cytidine 5’-monophosphate (CMP) and cytidine, on an Au 
electrode.[85] Adsorption and desorption processes were 
observed for both molecules, as follows from the increase and 
decrease in the negative and positive absorption bands in the 
subtractively normalized interfacial FTIR spectra recorded at 
different potentials. Comparison of the normalized FTIR spectra 
of different CMPs (i.e., CMPI, CMPII, and CMPIII) with CMP 
SNIFTIR spectra revealed that CMP adsorption at the Au 
surface occurs through the formation of a chemical bond 
between the N3 atom of the pyrimidine base and Au. 

4. Small biomolecules as electron carriers 

In general, biological systems are macromolecules 
produced by the bonding of monomers. For instance, a redox 
enzyme is a protein formed by the bonding of several kinds of 
amino acids. Other types of monomers are monosaccharides, 
nucleotides, and fatty acids, which can be considered as 
building blocks for the formation of more complex biosystems. 
These molecules, along with coenzymes, cofactors, and 
macrocyclic organic compounds, belong to the class of small 
biomolecules. 

As mentioned previously, EPR 
spectroelectrochemistry has been successfully used to 
evaluate the formation of free radicals during enzymatic 
catalysis and identify the active center within the redox 
cofactors of several proteins such as heme proteins, 
flavoproteins, quinoproteins, and oxireducatases.[86–88] In 
metallic structures, the fluctuation between several stable 
oxidation states allows EPR-detectable electronic 
configurations with unpaired electrons. The free electrons of 
radical species can also be observed using this analytical 
technique. However, in the case of metals, electronic state 
relaxation requires measurements to be carried out at 
extremely low temperatures (e.g., 77 K for Cu- and 4 K for Fe-
containing structures), which makes the application of in situ 
EPR spectroelectrochemistry in real time impossible. For 
carbon-based radicals, on the other hand, unpaired electrons 
can be detected at room temperature, as exemplified by an 
investigation of ET during the oxidation of ethanol 
bioelectrocatalyzed by ADH and mediated by oxygenated 
functional groups attached to the surface of a carbon 
electrode.[89] Previous studies correlated the enhanced ET rate 
of NADH, which is the cofactor of this enzyme, with the 
presence of carbonyl groups in the form of quinones and 
carboxylic acids on the surface of carbon electrodes.[90] 
Operando EPR spectroelectrochemistry (Figure 8A) revealed 
the role of surface quinone groups as an electrocatalyst 
through the observation of an increasing number of free 
unpaired electrons as a more oxidative overpotential was 
applied for NADH oxidation (Figure 8B). This trend 
demonstrated the involvement of an anion radical as an 
intermediate of the catalytic process, which leads to the 
increased catalytic capability of quinone-enriched carbon 
surfaces (Figure 8C).   
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Figure 8. (A) Operando EPR cell design for electrochemical applications. (B) 
Relative spin concentration as function of the applied potential in the 
presence and absence of NADH. (B) Proposed mechanism that generates an 
anion radical as an intermediate observed by operando EPR spectroscopy. 
Reprinted from Ref. 90 with permission from the American Chemical Society, 
2019. 

 
 

EC-SERS has been used to monitor molecular-level 
changes due to the interactions between a model amyloid-
forming protein (insulin) and a biomimetic membrane under 
biologically relevant electric fields.[91] Various insulin structures 
interact with a model biomembrane system in different ways 
were detected along the aggregation pathway. Raman spectra 
recorded at open-circuit potential (OCP) indicated the presence 
of oligomers and protofibrils, which caused most of the 
membrane perturbation and were therefore the most likely 
candidates for cell toxicity and death. Such studies are crucial 
for a comprehensive understanding of the pathophysiology of 
Alzheimer’s disease and the development of future therapeutics. 
In another example, EC-resonance Raman spectroscopy was 
used to investigate the catalytic intermediates formed during 
decaheme cytochrome–catalyzed H2O2 reduction.[92] The 
results showed that most heme groups in the cytochrome are 
redox-active and are reduced upon the application of a cathodic 
potential, suggesting the formation of high-valence Fe oxo 
species as the catalytic intermediates of H2O2 reduction. 

Electrochemical tip–enhanced Raman scattering (EC-
TERS) microscopy is an emerging technique that combines 
scanning probe microscopy with Raman spectroscopy under 
electrochemical control conditions and is therefore well suited 
for probing redox reactions.[93,94] However, this technique has 
not yet been applied to bioelectrochemical systems. As a proof 
of concept, Sabanés et al.[95] monitored the EC-TERS response 
of an adenine monolayer adsorbed on an Au crystal and thus 
accessed the vibrational fingerprints of less than 100 molecules 
adsorbed at atomically flat Au electrodes to study the 
adsorption geometry and chemical reactivity as a function of 
applied potential (Figure 9). With increasing potential, the 
molecules adopted a flat adsorption geometry with strong Au–N 
interactions between deprotonated adenine molecules and the 
substrate.

 
Figure 9. (A) EC-TERS cell and electrode configuration; STM = scanning tunneling microscope; WE/CE/RE= working/counter/reference electrode. (B) Left: STM 

image (Esample = 0.5 V, Ebias = 0.4 V, It = 1.35 nA); dot indicates EC-TERS sampling position. Right: Au step line profile as indicated in STM image. (C) EC-TER 
spectral evolution upon WE1 potential ramp. Inset: neutral adenine. (D) Lorentzian band fitting examples for the low-wavenumber region. Reprinted from Ref. 95 
with permission from Wiley-VCH, 2017. 
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5. Bio-spectroelectrochemistry through 
membranes and cells 

Cells, as the most basic biological functional units, are 
complex entities interacting with diverse biomolecules firstly 
through their membranes,[96] which mainly comprise lipid 
molecules assembled in a well-structured thin bilayer that forms 
the outer boundary of living cells.[97] These lipids can be roughly 
divided into three major classes, namely phospholipids, 
glycolipids, and sterols,[98] and act as a highly selective barrier 
between the intracellular and extracellular environments.[97,99] 

Biomembranes can incorporate numerous kinds of biomolecules 
such as proteins, saccharides, and carbohydrates, which have 
crucial roles, e.g., are involved in the operation of 
transmembrane ion-conducting channels, signaling receptors, 
active transporters, compartmentalization and adhesion 
processes, and cell-cell recognition.[100,101]  

Understanding the formation of lipid membranes as well 
as their structure, dynamics, and influence on the mechanisms 
of membrane-embedded enzyme–catalyzed reactions is of 
ultimate importance to chemistry, physics, biology, medicine, 
and technology.[100,102] The investigation of highly oriented ET 
pathways in these systems, such as those in the ET chain, is 
also important, as they are involved in bioenergetics and cell 
metabolism. However, the intrinsic complexity of such pathways 
occasionally prevents direct access to these features in vivo, 
which has motivated the development of model membranes 
such as liposomes, Langmuir-Blodgett films, and supported lipid 
bilayers.[103] The major advantage of these simplified biomimetic 
systems is the possibility to directly correlate their physical 
properties and processes with those of natural biological 
membranes and living cells themselves.[104]  

IR spectroscopy is a well-established method used to 
study interactions between lipid membranes and biomolecules, 
as IR spectra can be obtained for a wide range of environments 
without the need for probe molecules.[105] To this end, two 
different data acquisition methods are commonly employed, 
namely ATR-FTIR and polarization modulation-IRRAS (PM-
IRRAS) spectroscopy 

 

 

 

 

 

 

 

Figure 10. (A) Representation of the ubiquinol/cyt bo3 couple incorporated into 
a tBLM. (B) Potential-dependent SEIRA difference spectra recorded for the 
reduction of cyt bo3-tBLM+DUQ under turnover conditions (with O2) and those 
recorded for tBLM+DUQ and pure tBLMs (with Ar) taking the spectrum of +400 
mV as reference. Colors refer to the following potentials: −500 mV (●); −400 
mV (●); −300 mV (●); −200 mV (●); −100 mV (●); 0 mV (●); 100 mV (●); 200 
mV (●); 300 mV (●); 400 mV (●). (C) Potential-dependent intensities of the 
1611 cm−1 

difference band of DUQ extracted from potential-dependent SEIRA 
spectra (Fig. 10B). Lines represent Nernst fits. Reprinted with permission from 
Ref. 108. 

. ATR-FTIR was used to study the interactions of 
cytochrome c with cardiolipin-containing membranes supported 
on functionalized Au electrodes,[106] as the understanding of 
these interactions can lead to a better comprehension of cell 
apoptotic mechanisms. Studies concerning the elucidation of 
redox processes of membrane-embedded enzymes are still 
limited in comparison to those of globular enzymes. The main 
reason for this is related to the difficulties of developing 
electrodes that mimic the native membrane environment 
essential for the functioning of these enzymes.[107] SEIRA 
spectroelectrochemistry has proven to be of great use to 
address this limitation. Wiebalck et al.[108] reported catalytic O2 
reduction and the formation of a transmembrane proton gradient 
in a ubiquinol/cytochrome bo3 (cyt bo3) couple incorporated into 
a tethered bilayer lipid membrane (tBLM) on Au substrate (Fig. 
10A). The authors used SEIRA-spectroscopic redox titration (Fig. 
10B) to correlate shifts in the pH-dependent redox potential of 
ubiquinones (DUQ) under turnover conditions (Figure 10C) with 
the alkalinization of the submembrane aqueous reservoir, which 
is the interface at which the electrode-ubiquinone/ubiquinol ET 
takes place. This approach has great potential for monitoring 
enzymatic and bioenergetic processes at electrode interfaces. 

PM-IRRAS is used to study solid-liquid interfaces in 
aqueous environments. In this case, the incident IR beam 
passes through the solution and is reflected at the supported 
solid surface on which the membrane has been formed.[109] The 
technique provides information regarding the conformation, 
orientation, and hydration of biomembranes. For instance, PM-
IRRAS allows the investigation of how water cushion formation 
separates a phospholipid bilayer from the electrode surface 
influencing the membrane orientation and ET processes.[110,111] 

Capacitance and chronocoulometric measurements coupled 
with PM-IRRAS are effective for probing the stability of the lipid 
monolayer on electrodes and determining the conformation and 
orientation of acyl chains as a function of applied potentials[112–

114] as well as for studying ion channel properties, lipid-peptide 
interactions, and transmembrane ion transport mechanisms.[115–

117] Recently, Su et al.[115] applied electrochemical impedance 
spectroscopy (EIS) and in situ PM-IRRAS to probe the ion-
channel properties of colicin E1 (a channel-forming protein 
incorporated into a floating lipid bilayer) as a function of 
transmembrane potential. EIS data showed that bilayer 
resistance decreased as the potential became more negative, 
while PM-IRRAS results indicated that the 𝛼-helix tilt angle of 
colicin E1 also decreased at negative transmembrane potentials, 
which indicated 𝛼-helix insertion into the biomembrane and the 
formation of ion channels therein. 

UV-vis spectroscopy is another technique frequently 
used to gain information on bioelectrochemical systems, 
especially on the interaction of biomolecules (containing UV-vis–
active groups) and lipid membranes. For instance, this approach 
was used to study the interaction of baicalein, a flavonoid, with a 
supported lipid bilayer membrane (s-BLM) to screen for the 
bioactivity of this drug and its passive diffusion through the 
biomembrane.[118] The electrochemical results showed that 
baicalein can introduce defects into the s-BLM, while UV-vis 
measurements indicated that this molecule can insert itself into 
the BLM core. The above technique was also used to monitor 
the in situ ET between cytochrome c and iron oxide 
nanoparticles incorporated in a cell model biomembrane. The 
results indicated that these nanoparticles act as non-
proteinaceous complexes III and IV of the mitochondrial 
respiratory chain, mimicking their redox properties in a 
bioinspired system, as evidenced by characteristic changes in 
the electronic absorption spectra of the protein.[119] 

Similar to IR spectroscopy, Raman spectroscopy has 
been extensively used to obtain information concerning living 
cells and biomembranes, offering the benefits of rapid signal 
acquisition, spectral richness, and relatively low cost.[120] SERS 
has been competitive in the investigation of biological samples, 
providing information on molecular structure and chemical 
composition.[121] For example, the interaction between a model 
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protein aggregate and a biomimetic membrane was studied 
using EC-SERS to monitor the molecular-level changes due to 
this interaction.[91] The same approach was used to monitor 
potential-driven changes in model biological membranes 
deposited on highly ordered nanocavity–patterned Ag 
electrodes.[122] SERS has also been applied to the study of living 
cells and microorganisms. Lynk et al.[123] used EC-SERS for 
bacterial screening, realizing the detection and discrimination of 
Gram-positive (E. coli) and Gram-negative (B. megaterium) 
bacteria immobilized on a carbon screen-printed electrode 
(SPE) coated with AgNPs. The authors observed that the SERS 
signals for both bacteria gained intensity upon the application of 
a negative potential, with the strongest signal observed at −1.0 V. 
Figure 11A shows the cathodic progression of the SERS spectra 
for B. megaterium, while Figure 11B displays the evolution of the 
signal upon going from normal EC-SERS conditions (in air) to 
−1.0 V for B. megaterium. Scanning electron microscopy (SEM) 
imaging (Figure 11C) confirmed the presence of B. megaterium 
on the AgNP-coated surface of the SPE. The EC-SERS data 
were compared with those for E. coli to differentiate between the 
two strains of bacteria.  

Fluorescence spectroscopy coupled with an 
electrochemical method was used to examine the transport of an 
ionic substance through a bilayer lipid membrane.[124] Transport 
across membranes was examined by simultaneously measuring 
the transmembrane current and fluorescence intensity as a 
function of the applied membrane potential. This finding is of 
great importance for understanding biomembrane-related 
phenomena such as neurotransmission and respiration as well 
as the delivery of ionic drugs into the cell. Fluorescence 
spectroelectrochemical measurements were also used to 
evaluate the extracellular electron transfer (EET) of 
electrochemically active microbial biofilms and the potential-
dependent conformational changes in redox enzymes involved 
in these processes.[125] In addition, this technique provides 
information on the chemical nature and kinetic parameters of 
EET components. 

 

 

 

 

 

 

 

Figure 11. (A) EC-SERS signal for B. megaterium on AgNPs at OCP and the 
cathodic progression from 0.0 V to −1.0 V in 100-mV increments. (B) 
Comparison of the EC-SERS spectrum collected in air with those collected at 
OCP and −1.0 V. Data were collected using a 780-nm laser at a laser power of 
80 mW and an acquisition time of 30 s. (C) SEM image recorded at 5.0 kV 
showing the surface of AgNPs coated with B. megaterium cells. Arrows 
indicate the location of bacterial cells (colored brown). Reprinted with 

permission from Ref. 123.  

AFM is a local-probe microscopy method sensing 
interactions between an atomically sharp tip and the sample 
surface via the electronic clouds on external atoms. AFM is well 

suited for biological sample characterization, as it can be 
performed in aqueous solutions under physiological conditions, 
in real time, and at high resolution, allowing the acquisition of 
structural images and the characterization of interaction forces, 
elasticity, and chemical properties.[100] AFM has been coupled 
with different techniques such as fluorescence and Raman 
spectroscopy as well as electrochemical methods. In the field of 
coupled electrochemical methods, atomic force-scanning 
electrochemical microscopy (AFM-SECM) is commonly used for 
the in situ identification and structural characterization of 
individual virus particles and the mapping of protein distribution 
inside the same.[126] Knittel et al.[127] modified conductive colloid 
AFM-SECM probes with polystyrene sulfonate and poly(3,4-
ethylenedioxythiophene) to use them for single-cell force 
measurements in mouse fibroblasts and investigate single-cell 
interactions under different applied electric potentials. This 
approach has been used as a bioanalytical technique for 
monitoring cellular homeostasis through the evaluation of living 
cell membrane permeability to a series of compounds such as 
toxic heavy metals.[128–130] AFM-SECM is also useful for the 
study of living single-cell microorganisms such as bacteria, 
providing insights into metabolic exchange between two different 
bacteria[131] or even furnishing information on the efficiency of 
charge transfer from yeast cells under anaerobic conditions.[132] 
This approach was employed by Nebel et al.[133] to visualize 
oxygen consumption (and the respiration activity itself) in living 
cells, which is an important result, as it indicates cell metabolic 
vitality. Investigations of cytomembrane permeability can be 
carried out using biomimetic membrane surfaces, as shown by 
Huang et al.,[134] who used AFM-SECM to probe the reversible 
cationic switchable properties of a self-assembled monolayer 
and showed that the homogeneous monolayer features a 
uniform distribution of switch molecules (11-
mercaptoundecanoic acid). The above approach was also used 
to probe the incorporation of a channel-forming protein (C2IIa) 
and the transport of a metal complex through these cationic-

sensitive channels.
[135]

   

6. Summary and outlook 

 
In view of their ability to simultaneously monitor ET and the 

associated changes in the molecular structure of biological 
systems, in situ and operando electrochemistry techniques offer 
unprecedented advantages for identifying the active catalytic 
centers of biomolecules, elucidating the mechanisms of complex 
reaction pathways, and providing insights into the 
thermodynamic and kinetic parameters . Analysis of the most 
recently reported data demonstrates the importance of this 
technique for the investigation of complex biological entities 
ranging from small biomolecules (such as coenzymes) to entire 
cells. These investigations supply important information for a 
wide range of research fields and provide fundamental 
biochemical parameters that are of great significance for basic 
sciences and can be used to develop new technologies such as 
biosensors for the diagnosis and development of more efficient 
drugs. Operando electrochemistry is a state-of-the-art approach 
for the elucidation of enzymatic reaction mechanisms, as the 
redox state of the cofactor or coenzyme can be monitored by an 
electrochemical technique, while the products, reagents, and 
enzymatic conformational changes can be monitored by 
spectroscopic or spectrometric techniques. For instance, 
operando DEMS can be very helpful in the studies of CO2 

capture[136,137] and NH3 production[138] by enzyme-catalyzed 
cascade reactions. Therefore, operando DEMS can be used to 
probe the action mechanisms of some enzymes, e.g., formate 
dehydrogenase, formaldehyde dehydrogenase, aldehyde 
dehydrogenase, and hydrogenases. Similarly, in situ vibrational 
spectroscopy allows one to correlate the bioelectrochemical 
activity of redox-active biomolecules to their structural changes, 
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thus providing direct information on protein functions. The 
spectroelectrochemical techniques used in the study of nucleic 
acids can provide detailed information on the carcinogenesis 
mechanism, as DNA damage is involved in this process. The 
future development of in situ and operando 
spectroelectrochemistry should be focused on improving 
temporal and spatial resolution to increase the sensitivity of the 
coupled technique for single-molecule detection, as exemplified 
by nano-FTIR, tip-enhanced IR, and Raman spectroscopy. 
Furthermore, some others techniques, such as electrochemical 
quartz crystal microbalance (EQCM), surface plasmon 
resonance (SPR), and scanning electrochemical microscopy 
(SECM) are promising to bring a better explanation of the 
complex biological processes, which is essential for fabricating 
devices with enhanced biological function. Particularly, in the 
case of EQCM,[139] the high sensitivity of this technique can be 
used for detecting small changes during the conformational 
changes of the proteins and nucleic acids.  
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